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their size and physiology, and they belong 
to many different phylogenetic groups that 
are distinct from plants.[1] Microalgae are 
the subset of algae that are unicellular and 
range in size from several to a few hundred 
micrometers. Most microalgae diversity 
resides in freshwater or marine systems. 
Microalgae can grow in extreme environ-
ments such as deserts and polar regions,[2] 
and often show greater efficiency in syn-
thesizing bioproducts compared to land 
plants.[3] Moreover, algae produce oxygen 
and sequester the greenhouse gas carbon 
dioxide at globally relevant scales,[4] and 
account for half of the oceans’ net primary 
production.[5] They grow fast and can pro-
duce high-value biomass.[6] While micro-
algae are phylogenetically diverse, most 
biotechnology interest applies to the green 
algae (Chlorophyceae), diatoms (Bacillari-
ophyceae), blue-green algae (Cyanobacteria), 
and Eustigmatophyceae (including Nanno-
chloropsis), which are well-characterized spe-
cies for valuable bioproducts.

1.2. Microalgae as Sustainable Biofactories

Microalgae have the potential to produce large amounts of valu-
able products sustainably, since they do not require arable land 
and can be produced using seawater, wastewater, or brackish 
water. Reduction in environmental impacts of fuels and 
food products will be important for the mitigation of climate 
change.[7] Microalgae are also being used in powerplants as a 
means to capture carbon dioxide and sequester it into biomass, 
which may provide opportunities for large-scale production of 
carbon-neutral energy and products.[8]

Vaccines and other pharmaceutical proteins are among the 
most high-value products that microalgae are used to produce, 
as well as effectively store and orally administer those products.[9] 
Other high-value products derived from microalgae include cos-
metics,[10] food supplements and additives,[11] cooking oils,[12] and 
animal feed.[13,14] These have been developed as potentially more 
sustainable alternatives to synthetic or animal-derived products. 
Microalgae also provide feedstocks for biodiesel[15] and ethanol,[16] 
contributing to renewable and sustainable energy resource devel-
opments that may displace fossil fuels and food-derived fuels.

Genetic and synthetic biology approaches can accelerate the 
development of microalgae strains capable of producing novel 
specialty products[17–19] or producing conventional products 
with improved lipid content,[20] growth rate, and production 
efficiency.[21,22] Unlike field-grown transgenic crops, multiple 

Microalgae are promising biological factories for diverse natural products. 
Microalgae tout high productivity, and their biomass has value in indus-
trial products ranging from biofuels, feedstocks, food additives, cosmetics, 
pharmaceuticals, and as alternatives to synthetic or animal-derived products. 
However, harvesting microalgae to extract bioproducts is challenging given 
their small size and suspension in liquid growth media. In response, tech-
nologic developments have relied upon mechanical, chemical, thermal, and 
biological means to dewater microalgal suspensions and further extract bio-
products. In this review, the effectiveness and considerations were evaluated 
for the implementation of microalgae harvesting techniques. Nonbiological 
methods—filtration, chemical, electrical, and magnetic nanoparticle floccula-
tion, centrifugation, hydrothermal liquefaction, and solvent-based extraction, 
as well as biological coculture-based methods are included. Recent advances 
in coculture algae-flocculation technologies that involve bacteria and fungi 
are summarized. These produce a variety of natural bioproducts, which show 
promise in fuel and food additive applications. Furthermore, this review 
addresses the developments of genetic tools and resources to optimize the 
productivity and harvesting of microalgae or to provide new bioproducts via 
heterologous expression. Finally, a glimpse of future biotechnologies that will 
converge to produce, harvest, and process microalgae using sustainable and 
cost-effective methods is offered.

﻿

1. Introduction

1.1. What Are Microalgae?

Algae are primarily photosynthetic aquatic organisms that possess 
little to no tissue differentiation. These diverse organisms vary in 
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layers of biocontainment can be employed to prevent the 
escape of genetically modified (GM) algae (and that of their 
transgenes).[23] Additional safety measures such as genetic 
addiction systems, kill switches, and bioreactor construction 
allow for the use of productive and specialized GM algae strains 
while protecting the environment.

1.3. Microalgal Markets

A 2018 estimate of the microalgae market valued it at 
US $1.7 billion, with a 5% compound annual growth from 
2019 to 2027.[24] In response to the increasing demand for algae 
products, many efforts have been devoted to improving the 
harvesting methods or developing novel approaches for higher 
efficiency with a lower price tag in recent years (Figure 1). This 
is because harvesting incurs a substantial cost on microalgae 
producers, accounting for 3–15% of the total cost,[25] dependent 
on the harvesting method used. Microalgae have great potential 
as sources of diverse products, derived from atmospheric carbon 
dioxide, but require further innovations to challenge fossil fuels 
and terrestrial food crop feedstocks on price and quantity.

1.4. Microalgal Harvesting Technologies

Research into microalgae biology and technology is expansive. 
This review aims to summarize developments in techniques of 

harvesting microalgae and their products through conventional 
and newer biological flocculation methods, as well as the recent 
advancements in genetic tools for enhancing microalgae pro-
duction systems.

2. Harvesting Microalgae

2.1. Conventional Harvesting Methods

Microalgae are cultivated in various types of indoor and outdoor 
bioreactors and open ponds (Figure  2A), which can produce 
a large amount of algal suspension that requires efficient and 
economical methods to harvest the biomass. These methods 
may be employed in combinations or alone, to concentrate algal 
suspensions or biofilms then manufacture final products. For 
most of the methods, harvesting (producing slurries of 2%–7% 
algal biomass) then dewatering (to concentrate to 15%–25% 
algal biomass) is conducted in series, prior to final extraction 
or drying of biomass.[26] Here we summarize the common tech-
niques that have been used for harvesting algae (Table 1).

2.1.1. Centrifugation

Microalgae may be harvested by exploiting slight differences in 
density between algal cells and their culture media. As shown 
in Figure  2B, centrifugation enhances simple gravitational 

Figure 1.  Cumulative publications related to microalgae harvesting technologies. A) Conventional and B) biological methods have both been employed 
for this task. Publication counts were determined by searching Web of Science for the respective search terms and “microalgae,” then recording the 
number of returned hits. Number of publications for a given year is a cumulative number of all publications in Web of Science up to and including that 
year. Searches were performed on May 29, 2020.
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sedimentation by applying centrifugal acceleration thou-
sands of times greater than gravitational acceleration.[27] Cen-
trifugation tends to be energy-intensive, but tradeoffs for 
flow rate and harvest efficiency can be used to reduce energy 
usage.[28] The high energy requirements of centrifugation favor 
higher-value algae products. Multiple types of centrifuges may 
be used based on capital costs, energy usage, maintenance, and 
biomass concentration, with disc stack and decanter centrifuges 
showing the most promise.[27]

While centrifugation produces satisfactory harvesting 
efficiency, low water content, and short process time, mem-
brane filtration may allow for superior control of water content 
and lower cost from energy usage.[29] Due to the low water con-
centration achieved, centrifugation is a viable finishing step for 
algal biomass concentrated through other means.[25]

2.1.2. Chemical Flocculation

Induction of flocculation can be performed with a variety 
of chemical methods (Figure  2C), based on synthetic poly-
mers such as polyacrylamides,[30] salts (especially alum, ferric 
chloride, various sulfates, and sodium hydroxide),[31–33] or 

biologically derived materials (e.g., eggshells, chitosan, and 
plant-derived compounds).[31,34] These approaches depend on 
a number of mechanisms to induce flocculation, including 
charge neutralization, electrostatic patch generation, bridging, 
and sweeping.[35]

Polymer flocculants, both synthetic and biologically derived, 
sometimes have high sensitivity to salt concentration[30] or 
pH,[36] which may be problematic for marine algae or algae 
grown in high pH media. Additionally, salt flocculants might 
contribute to high concentrations of metals to the extracted 
biomass.[31] Residual metals are less of a concern for lipid prod-
ucts, because the metals do not persist through processing.[32]

Despite some drawbacks, salt flocculants can produce high 
harvesting efficiencies, in excess of 99%, at low cost with reus-
able growth media.[32,37] Salt flocculants are effective across 
many species, both marine and freshwater.[31] Yet, biologically 
derived materials might be favorable for improved sustaina-
bility, lower toxicity, and the ability to keep cells intact, however, 
they have variable harvesting efficiencies.[31,34,38] While biologi-
cally derived flocculants may show a higher price per weight, 
occasionally the lower doses required make these preferable 
over salt flocculants for some species of microalgae.[31] Despite 
multiple benefits of chemical flocculation methods, the expense 

Figure 2.  Microalgal production and harvesting techniques. A) Microalgae grown in closed bioreactors, rotating biofilm reactors, or open raceway 
ponds. B) Centrifugation methods including disc stack and decanter technologies. C) Chemical and magnetic nanoparticle flocculation. D) Electrocoag-
ulation–floatation. E) Filtration dewatering by dead-end and tangential-flow filtration. F) Dewatering-independent technologies including hydrothermal 
liquefaction and switchable-hydrophobicity solvents (SHS).
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of flocculating chemicals and contamination of biomass are 
limiting factors to their widespread adoption.[25]

2.1.3. Nanoparticle Flocculation

Magnetite (Fe3O4) nanoparticles (MNPs) have been recently 
tested as a reusable means to capture microalgae from bulk algal 
suspensions (Figure  2C). MNPs have generally been applied 
for capturing Botryococcus braunii,[39] Microcystis aeruginosa,[40] 
Chlorella,[39,41,42] Nannochloropsis,[43,44] Scenedesmus,[41,42,45] and 
Chlamydomonas spp.[46] These particles, about 12  nm in size, 
attach to microalgae and allow for harvesting the algae–nano-
particle aggregate with magnets.[45]

MNPs can be functionalized to improve properties including 
stability and harvesting efficiency,[45] typically by improving 
MNPs’ adherence to negatively charged algal cells via electro-
static attraction with a positively charged coating material.[47] 
Coatings including cationic polyacrylamide (CPAM),[39,46] 
polyethyleneimine (PEI),[40,41] and plant polyphenols[42] were 

able to produce harvesting efficiencies of >95% for B. braunii  
(1.8  g algal dry weight L−1), Chlorella ellipsoidea (0.7  g L−1), and 
Chlamydomonas sp. (1.2–1.5  ×  107 cells mL−1), 98.45%  ±  0.35% 
for Chlorella pyrenoidosa (0.5 g L−1) and 97.5% for M. aeruginosa 
(1.5 × 106 cells mL−1), and 90.9% of Chorella vulgaris (3.06 g L−1), 
respectively. Amino acids can additionally be used to function-
alize MNPs, with arginine-functionalized MNPs showing 95% 
harvesting efficiency.[48] However, another study produced a 
higher efficiency (a theoretical 95.68% from parameter optimiza-
tion) using nonfunctionalized nanoparticles, compared to those 
functionalized with cetyltrimethylammonium bromide (CTAB), 
PEI, or amine.[45]

One proposed benefit of MNPs is their reusability. The nano-
particles can be cleaned by increasing the pH and rinsing[45,49] 
and/or ultrasonication[42,45] followed by recoating[42] if needed. 
In the examined studies, harvesting efficiencies of reused 
particles remained high, from 90.9% to 80.2% after 10 cycles[42] 
and 90% to 84.1% after five cycles.[45] MNPs can be cost-effec-
tive, at an estimated US $347 ton−1 of harvested algae, even 
without reuse and at a 1:1 ratio of biomass to MNP mass.[48]

Table 1.  Performance of conventional harvesting methods.

Methods Technology Efficiency Microalgae Advantages Limitations Refs.

Centrifugation Disc stack, decanter 
centrifuges

98.8% Aurantiochytrium sp. Highly concentrated final 
product, no chemical addition

Loss of floating biomass 
or ruptured cells, 

expensive

[29]

Chemical 
flocculation

Synthetic polymers 80–100% Chlorella vulgaris, 
Nannochloropsis oculata

High efficiency, low dosage Sensitive to pH and salt 
concentration, potential 

toxicity

[30,36]

Salts >90% (Ferric chloride); 
79–99% (Alum);86–93% 
(Various metal sulfates)

Many species; 
Nannochloropsis salina; 

Chlorella vulgaris

High efficiency, inexpensive, 
safe for algal growth

High metal concentration 
in biomass, cell lysis

[31–33]

Natural products 99.86% (S. potatorum 
seed powder); 0–97% 

(Chitosan)

C. vulgaris; Many species Improved sustainability, 
reduced cell damage, lower 

toxicity

Potentially more expen-
sive, not effective for some 
species (especially marine)

[31,37]

Nanoparticle 
flocculation

Conjugated or naked 
magnetite nanoparticles

95.86% (naked); 98.45% 
(PEI); 90.9% (plant 
polyphenols); >95% 
(CPAM); 95% (Arg)

Scenedesmus sp.;  
C. pyrenoidosa; C. vulgaris;  
Botryococcus braunii and  

C. ellipsoidea; Chlorella sp.

Low dosage, low energy 
demand, reusability of 

flocculant

Expensive flocculant 
material

[39,41,42,45,48]

Electrocoagula-
tion— floatation

Electric current used to 
induce floc formation

99%; 92%; 96.75% C. vulgaris; Nannochloropsis 
sp.; C. pyrenoidosa

No chemicals added, fast, 
enhanced reusability of growth 

media

Replacement of electrodes, 
not effective in freshwater, 

high energy demand, 
large amount of metals in 

biomass

[50,53,54]

Filtration Microfiltration 70–100% C. vulgaris; Mixed culture Greater initial flux, low final 
water content

Fouling from pore clog-
ging, loss of damaged cell 

contents

[67,69]

Ultrafiltration 100% C. vulgaris Avoids fouling, more efficient 
overall

Lower initial flux [69]

Dewatering-inde-
pendent methods

Hydrothermal 
liquefaction

38–66% bio-oil yield Chlorella sp.; Nannochlo-
ropsis sp.; Nannochloropsis 

sp. and Pavlova sp.; 
Nannochloropsis gaditana

Avoids vaporizing water, con-
verts biomolecules to bio-oil

Poorly characterized 
chemistry, need for solid 

management and capable 
equipment.

[71–73,155]

Switchable solvent 
extraction

5–22% lipid yield B. braunii,; C. vulgaris Avoid water removal, less 
solvent than hexane extraction, 
higher yield than chloroform-

methanol extraction

Toxic solvents, sample 
pretreatment

[74–76]
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2.1.4. Electrocoagulation

Microalgae can be induced to form flocs with the application of 
electric current (Figure 2D), via the charge neutralization of algal 
cells that results in sweeping flocculation as uncharged cells 
stick together.[50] The charge neutralization results from the in 
situ production of metal flocculating salts such as iron and alu-
minum hydroxides, a process known as electrocoagulation (EC) 
or electroflocculation.[51] EC primarily favors algae growing in 
highly conductive media, such as saltwater[52] and wastewater,[51] 
as these require reduced electricity inputs. In contrast, freshwater 
algae such as Chorella vulgaris require the addition of salts such 
as 1.5 g L−1 NaCl, which increases the cost.[50] Additionally, elec-
trolysis of water produces hydrogen microbubbles on the cathode, 
which contribute to harvesting by flotation of algae, contributing 
in one study to at most 36.6% to the total harvest.[50] The use of this 
flotation process is considered as electrocoagulation–floatation.

Multiple factors influence the efficiencies of EC, including 
electrode material, pH, temperature, current density, and algal 
cell density.[51] Harvesting using EC has can produce efficiencies 
of 99%,[50] 96.75%,[53] and 92%.[54] While harvesting may approach 
100% efficiency and energy use may be under 1  kWh kg−1  
of algae, the method is much less energy efficient than bio-
flocculation combined with filtration,[55] and may have some-
what lower flocculation efficiency than ferric chloride (96.75% 
compared to 98.84%).[53] However, at optimum conditions, the 
cleared media from electrocoagulation could support greater 
algal growth, with a media composed of 20% fresh and 80% 
recycled media producing 0.68 g L−1 biomass for FeCl3 floccu-
lated compared to 0.76  g L−1 for EC harvested and 0.98  g L−1 
for new media.[53] Also, the conditions favoring the highest har-
vesting efficiency may consume 10 times more electricity per 
kilogram than the most energy-efficient conditions,[52] so har-
vesting efficiency may not be the primary target for optimiza-
tion. Replacing the sacrificial anode and fouling of the cathode 
are other challenges with EC.[56] As with salt flocculation, high 
metal concentration in the final products can be problematic.[54]

2.1.5. Filtration

As shown in Figure  2E, the use of permeable membranes to 
capture microalgae includes macrofiltration, microfiltration 
(MF), and ultrafiltration (UF). These approaches can be opti-
mized with different pore sizes, each of which can be used 
in cross-flow (tangential-flow) or dead-end filtration systems 
with applied pressure or vacuum.[57] Membranes may experi-
ence fouling (clogging of pores via use), which is dependent 
on pore size, favoring membranes with finer pores in most 
cases.[58] While smaller pore sizes limit flux (rate of filtration) 
with pure water, the reduced fouling may justify the use of UF 
membranes.[59–61] Fouling may depend on system flow, whereby 
alternating the direction of flow into the filter[62] or using cross-
flow systems with higher bulk flow velocity[63] improve filtration 
performance by reducing fouling. Sand or other coarse mate-
rials have been used to avoid fouling of the membrane, with 
improvements in cost effectiveness.[64] Membrane composition 
is important, as it can lead to substantial differences in flux for 
a given pore size with pure water,[59] and can induce fouling by 

the adsorption of polysaccharides or other macromolecules on 
hydrophobic membranes.[60,61] Negatively charged surface coat-
ings can similarly improve resistance to fouling.[65] Negatively 
charged membrane surfaces can alternately be created by 
applying current to conductive ceramic filters, with comparable 
benefits to fouling resistance.[66]

Filtration methods often show a 100% retention rate of cells 
(cells in retentate per cells in initial suspension), however, this may 
exclude any cell debris not captured by the membrane.[58] Recovery 
rate (cells available to downstream processes per cells in initial 
suspension) may be a more useful measure.[58] Although less fre-
quently measured, it has been measured previously at 70–89%,[67] 
set at 80%,[68] or used synonymously with retention rate.[69]

2.1.6. Dewatering-Independent Methods

The previous methods in Sections 2.1.1–5 produce concentrated 
algal slurries having most of the water volume removed. The 
resulting slurry must then still be extracted to access lipids or 
other desired compounds residing in algal cells. Other methods 
exist (Figure  2F), including hydrothermal liquefaction (HTL) 
and solvent-based methods, which do not require an initial har-
vesting step, but rather are completed in situ in the algal sus-
pension at growing density. Alternatively, algae may be grown 
out of suspension in algal-biofilm reactors, which can harvest 
biomass by scraping off adhered cells.

Hydrothermal liquefaction uses high pressure (5–40  MPa) 
and temperature (200-600 °C) to convert wet biomass into 
a hydrocarbon mixture sometimes called “bio-oil” or “bio-
crude.”[70] The process is energy efficient because it avoids dewa-
tering and a phase change to steam, while converting additional 
biomolecules to hydrocarbon products.[70] Yields of bio-oil have 
been measured at 66% of algal dry weight for Nannochloropsis 
sp., yet in this experiment, the algae were preconcentrated 
to standardize conditions across strains.[71] Catalysts such as 
Na2CO3 or CaO may be used to improve yields, but only for 
some strains and under particular reaction conditions.[72,73]

Another method uses compounds classified as switch-
able hydrophilicity (or polarity) solvents. These are solvents, 
dependent on the ionic state, which may solubilize in aqueous 
solution as hydrophilic or separate with extracted lipids as 
hydrophobic. This polarity change may be accomplished by 
bubbling CO2 to make the solvent hydrophilic, or N2 to con-
vert to a hydrophobic and lipophilic state.[74] Experiments with 
B. braunii have yielded 16% lipid per dry weight from freeze-
dried and 8% from aqueous algae[74] and 22% from freeze-dried 
algae,[75] which is better than comparable hexane extraction pro-
ducing 7.8% and 5.6% for freeze-dried and aqueous samples, 
respectively. For C. vulgaris, extraction with the solvent C6DIPA-
Im from 80% water content microalgae sludge produced 
12.38% ± 0.18% lipid, compared with 10.48% ± 0.31% for chlo-
roform–methanol extraction.[76] While switchable solvents can 
avoid the use of methanol and chloroform in extraction from 
aqueous algae suspensions, they may still require drastic pH 
change (up to 13) and produce small yields of lipids.[74] How-
ever, newer techniques avoid heating or drastic pH changes, 
and can be reusable with high efficiency (83.6 ± 3.6% of initial 
efficiency over five cycles).[76]
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To reduce or eliminate the needs for algal removal from 
liquid media, algal biofilm or “algal turf” reactors have been 
developed.[77,78] These reactors function by rotating a substrate 
material, through liquid growth media then air. Some designs 
have employed steel mesh or polycarbonate disks,[79] cotton 
fabric,[77,78] or cotton rope[78] as substrates. After a period of 
growth, algal cells are scrapped from the substrate, producing 
concentrated algal sludge (143–168  g kg−1 dry weight biomass 
for the disk system).[79] Such systems may expand growth area 
without increasing pond size, have greater productivity than 
suspended cultures, and show improved regrowth times.[77,78] 
This production methods shows effects on the final algal 
product, however, with potential for much lower lipid content 
but increased protein content compared to a flat panel biore-
actor.[77] Additionally, algal biofilm reactors can be effective at 
removing total dissolved solids from wastewater.[80]

2.2. Bioflocculation Methods

Unlike conventional methods, bioflocculation seeks to use 
biological agents to collect microalgae, which avoids poten-
tially toxic flocculants or compromised products (Figure  3). 
Bioflocculation methods are also considered more cost-
efficient, sustainable, and environmentally friendly than their 
conventional counterparts.[81] As with many of the conventional 
methods, bioflocculation is followed by further steps in the pro-
duction process. Current progress in bioflocculation techniques 
is summarized in Table 2.

2.2.1. Autoflocculation

Autoflocculation occurs when algal cells bind to each other 
to form aggregates in the culture, which can be triggered by 
introducing flocculating algae into a culture of nonflocculating 
algae, by changing culture conditions such as pH, and by cul-
tural aging (Figure 3A). Algal strains that can autoflocculate are 
described in Table 2.

Alga–Alga Flocculation: The addition of flocculating algae 
can trigger the flocculation and concentrating of the nonfloc-
culating algae of interest through cell–cell interactions. The 
method is simple and effective, and no chemical flocculants are 
required. Similar cultivation conditions can be used for both the 
flocculating and target algae, and the medium can be recycled 
for cultivation.[81,82] The method is of particular interest because 
the flocculating algae can also provide valuable biomass such as 
lipids and proteins,[83] which increases the industrial value of 
the final product.

Although autoflocculation does not occur in all spe-
cies, many self-flocculating microalgae have been identified 
including Ankistrodesmus falcatus,[81] Chlorella vulgaris JSC-7,[84]  
and Scenedesmus obliquus AS-6-1,[85] and these algae can be 
used for harvesting other microalgae of interest (Table  2). 
For example, Phormidium sp., a filamentous cyanobacterium, 
could capture the small green alga Chlorella sp. (1.3–7.6  µm) 
with its dense and tangled filaments, and form large gran-
ules that ranged from 600 to 2000  µm in size, which pro-
moted sedimentation of both microalgae with a recovery 

efficiency higher than 99%.[86] Studies on the autoflocculation 
of C. vulgaris JSC-7 and S. obliquus AS-6-1 have suggested that 
the self-flocculation of these two strains was due to their cell 
wall-associated polysaccharides.[84,85] The crude extract of cell 
wall-bound substance of C. vulgaris JSC-7 was able to isolate 
over 80% of nonflocculating alga Chlorella vulgaris CNW11 at a 
low dosage of 0.5  mg L−1.[84] Similarly, the crude and purified 
extracellular substances of Scenedesmus obliquus AS-6-1 could 
harvest freely suspended S. obliquus FSP-3 with over 80% floc-
culating efficiency.[85] Another study on the oleaginous Ettlia 
texensis, an autoflocculating green alga, has shown that extra-
cellular polymeric substances and particular glycoproteins are 
responsible for the self-flocculation, and they also facilitated 
efficient bioflocculation of other microalgal species including 
Chlorella vulgaris SAG211-11b.[82]

Alga–alga flocculation occurs when the flocculating cells 
or algal flocculants patch or capture adjacent nonflocculating 
algal cells or by the development of bridges among the cells 
through neutralization of charges in the culture. The method 
does not require the addition of chemicals, nor the cost in pro-
curing them. Also, since no extra chemicals are used, the algal 
medium can be readily reused for a new batch, without expen-
sive filtration or chemical treatments, and the algal biomass can 
be directly processed for the final products. However, one major 
limitation of this method is that the process may take consider-
able time and the efficiency is relatively low, depending on the 
species. However, using crude extracts or exudates instead of 
intact cells as flocculants can improve the harvesting efficiency. 
For example, the green alga Coelastrum cf. pseudomicroporum 
cultivated with urban wastewater was enriched in carotenoid 
(up to 0.47 mg L−1). Further, its exudates could be used to floc-
culate the green alga Scenedesmus ellipsoideus with over 95% har-
vesting efficiency.[87] Using water-soluble extracts of the marine 
alga Skeletonema marinoi, Nannochloropsis oculata, a marine 
alga enriched in omega-3 eicosapentaenoic acid (EPA), was har-
vested with 95% efficiency after 6 h settling.[88]

pH-Induced Autoflocculation: In response to changes in growth 
conditions, especially high acidic or alkaline pH, many algal spe-
cies can form large cell–cell flocs and settle by gravity (Table 2). 
Algal autoflocculation may occur along with algal photosynthesis, 
which consumes CO2, a weak acid when dissolved, increasing 
pH levels and promoting autoflocculation.[89] However, the 
process is slow and regulation of pH using acids (i.e., HNO3) 
and bases (i.e., NaOH) can rapidly change the cultural pH and 
induce high-efficiency autoflocculation in minutes.[90,91] The low 
and high pH levels are known to reduce the intensities of the 
negative charge on the surface of algal cells, thereby promoting 
self-aggregation.[90,92] Both conditions may inhibit the growth of 
algae and the pH level required to induce autoflocculation is spe-
cies-dependent because the flocculation is mainly based on the 
cell wall composition. Using HNO3, pH decreases for the fresh-
water microalgae Chlorococcum ellipsoideum, Chlorococcum nivale, 
and Scenedesmus sp. achieved flocculation efficiencies over 90%, 
with the optimum efficiency observed at pH 4.0–4.5 and staying 
stable from pH 1.5 to 4.0.[90] These self-flocculating algae were 
observed to form large flocs, where the target microalgae such 
as Chlorella zofingiensis and C. vulgaris, two small microalgae 
not flocculating responsive to pH decrease, were attracted and 
trapped, and settled together in the flocs by gravity.[93]
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Similar to the acidic conditions, alkaline pH levels can 
trigger autoflocculation by surface charge neutralization and 
cell aggregation. In the cultures of the marine microalgae 

Nannochloropsis sp. and Phaeodactylum tricornutum, adjusting 
pH to 9.0–9.3 led to effective flocculation with the highest effi-
ciencies above 90%.[92] Although high pH levels may affect cell 

Figure 3.  Harvesting microalgae with biological materials. A) Algal autoflocculation. B) Bacterium-based flocculation. C) Fungal pelletization and 
flocculation.

Small Methods 2020, 2000349



© 2020 WILEY-VCH Verlag GmbH & Co. KGaA, Weinheim2000349  (8 of 16)

www.advancedsciencenews.com www.small-methods.com

growth, increasing pH in the culture was observed to effectively 
enhance flocculating efficiency. For example, at pH 10.2, the 
diatom Chaetoceros calcitrans self-flocculated with an efficiency 
of over 90%, whereas no obvious autoflocculation was observed 
at pH 8.0.[94] Autoflocculation of the marine alga Nannochloropsis 
oculata started at pH 9.5 and reached the highest efficiency of 
90% at pH 10.4.[95] Increasing pH to over 12.0 was reported to 
dramatically improve the flocculation efficiencies to over 90% 
in the freshwater microalgae Chlorococcum sp. R-AP13[91] and 
Ettlia sp. YC001.[96] As shown in Table  2, pH adjustment pro-
motes autoflocculation in various microalgae, however, it did 
not work for some microalgal species such as the marine alga 
Isochrysis sp., which had a flocculating efficiency less than 30% 
after pH adjustment.[97] Resistance to flocculation by pH may 
result from cell surface properties of Isochrysis sp., but has not 
been investigated. Thus, to increase the harvesting efficiency 
of algal autoflocculation, pH alteration was often applied with 
other flocculating stimulators including the addition of metal 
ions such as calcium and magnesium[95,98–100] and supplement 
of natural and synthetic flocculants such as synthetic ocean 
water[101] and Magnafloc LT 25 and LT 27.[94]

Autoflocculation by Other Stimulates: In addition to pH 
adjustment, other stimulates have been reported to facilitate 

algal autoflocculation: changes in concentration of dissolved 
oxygen;[102,103] alteration in the cultural nutrients such as 
ammonium[104] and nitrate;[100] and, culture aging.[85,91] In 
general, autoflocculation-based techniques provide efficient, 
economical, and environment-friendly strategies to harvest 
microalgae, without a heavy dose of chemical flocculants. The 
flocs are relatively easy to process for final products and the 
medium could be effectively recycled for future cultivation.

2.2.2. Bioflocculation with Microbial and Other Natural Flocculants

Bioflocculation has been considered as a sustainable and envi-
ronmentally friendly technique for algae harvesting. Instead of 
chemical flocculants, bioflocculation methods isolate micro-
algae with natural materials such as bacteria (Table 3) and fungi 
(Table 4). The bioflocculants can be cocultured with the target 
microalgae or cultivated separately before adding to the algal 
culture, dependent on the interaction between the algae and 
flocculants. The mechanism of bioflocculation is diverse and 
the applications of bioflocculation are discussed here.

Alga–Bacterium Flocculation: Although there are some con-
cerns about bacterium contamination in the biomass that 

Table 2.  Autoflocculation of microalgae.

Methods Microalgae Flocculant Optimization Efficiency Refs.

Alga–alga 
autoflocculation

Chlorella sp. Phormidium sp. Algal granule formation ≈99% [86]

Chlorella vulgaris Ankistrodesmus falcatus; Chlorella 
vulgaris JSC-7; Chlorococcum nivale; 
Chlorococcum ellipsoideum; Ettlia 

texensis; Scenedesmus obliquus AS-6-1; 
Scenedesmus sp.

CO2 enriched airflow; gently mixing 
after the addition of flocculant algae

40–85% [81,82,84,85,93,156]

Chlorella zofingiensis Chlorococcum nivale; Chlorococcum 
ellipsoideum; Scenedesmus sp.

CO2 enriched airflow 60–80% [93]

Nannochloropsis oculata Skeletonema marinoi Crude extract as flocculant 95% [88]

Neochloris oleoabundans Tetraselmis suecica CO2 enriched airflow ≈70% [81,156]

Scenedesmus ellipsoideus Coelastrum cf. pseudomicroporum Algal exudates as flocculant >95% [87]

Scenedesmus obliquus FSP-3 Scenedesmus obliquus AS-6-1 Addition of 0.6 mg L−1 cell wall-
associated polysaccharide

88% [85]

pH-induced 
autoflocculation

Chlorococcum ellipsoideum pH 4.0–4.5 CO2 enriched airflow >90% [90]

Chlorococcum nivale pH 4.0–4.5 CO2 enriched airflow >90% [90]

Scenedesmus sp. pH 4.0–4.5 CO2 enriched airflow >90% [90]

Nannochloropsis sp. pH 9.0–9.3 CO2 enriched airflow; addition of Mg2+ ≈90% [92]

Phaeodactylum tricornutum pH 9.0–9.3 CO2 enriched airflow; addition of Mg2+ ≈90% [92]

Chaetoceros calcitrans pH 10.2 Addition of polyelectrolyte flocculant >90% [94]

Nannochloropsis oculata pH 10.4 CO2 enriched airflow 90% [95]

Chlorella vulgaris pH 10.5–11 CO2 enriched airflow; addition of Ca2+ 
and Mg2+; slaked lime for low cost

>90% [92,98]

Chaetoceros muelleri #862 pH 11.5 Concentrated algal culture (0.42 g L−1) 100% [101]

Scenedesmus quadricauda #507 pH 11.6 Concentrated algal culture (0.54 g L−1); 
addition of synthetic ocean water

≈95% [101]

Chlorococcum sp. R-AP13 pH 12 Re-use medium after flocculation 94% [91]

Ettlia sp. YC001 pH 12.5 CO2 enriched airflow >90% [96]
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might affect the final products for food or feed purposes, 
bacterial flocculation is an efficient, economical, and environ-
ment-friendly approach to harvest microalgae, especially for 
bioenergy products.[35] In fact, many bacterial species coexist 
with algae in industrial-scale cultures of open ponds and even 
in closed bioreactors. The interaction between bacteria and 
algae is mostly species-specific, and it can be mutually benefi-
cial to each other and increase the productivity of certain bio-
mass such as lipids.[105,106] Although the mechanism of bacterial 
flocculation is not yet clear, it is believed that charged func-
tional groups in bacteria aggregate algal cells by neutralizing 
the charge and electrostatic patch (Figure 3B). In the green alga 
C. vulgaris, a 94% flocculating activity was observed in the cul-
ture containing various bacteria compared to 2% self-floccula-
tion in the axenic culture. Three alga-associated bacteria, 
Flavobacterium sp., Terrimonas sp., and Sphingobacterium sp., 

were identified to promote the flocculation by forming large 
flocs with the C. vulgaris cells.[107] Two strains of the soil bacte-
rium Bacillus sp. (y3 and y6) were able to flocculate C. vulgaris 
cells and promote the algal growth, likely by regulating ROS 
and antioxidant system response of the algal cells.[108]

Other studies have also reported successful practices 
of harvesting oleaginous microalgae using bacteria. For 
example, the freshwater green alga C. pyrenoidosa was floccu-
lated by Citrobacter freundii with over 90% efficiency.[109] Oil-
producing green algae Scenedesmus dimorphus and Chlorella 
zofingiensis, also known for being a promising producer of 
the antioxidant astaxanthin, were harvested by coflocculating 
with Escherichia coli, and the efficiency can be increased with 
UV irradiation and polyethylenimine-coating on the bacte-
rial cells.[110] Culture broth of Solibacillus silvestris, a bacterial 
strain isolated from activated sludge, showed 90% flocculating 

Table 3.  Bacterium-based flocculation.

Methods Microalgae Flocculant Efficiency Refs.

Alga–bacterium flocculation Chlorella vulgaris Bacillus sp.; Flavobacterium sp.; Paenibacillus polymyxa AM49;  
Terrimonas sp.; Sphingobacterium sp.

80–94% [107,108,115]

Chlorella pyrenoidosa Citrobacter freundii ≈90% [109]

Chlorella zofingiensis Escherichia coli ≈70% [110]

Nannochloropsis oceanica Solibacillus silvestris 90% [111]

Scenedesmus dimorphus Escherichia coli ≈80% [110]

Scenedesmus sp. Paenibacillus polymyxa AM49 95% [116]

Synechocystis UTEX 2470 Klebsiella pneumoniae NY1 >90% [114]

Table 4.  Harvesting microalgae by alga–fungus interaction and natural flocculants.

Methods Microalgae Flocculant Efficiency Refs.

Alga–fungus interaction Chlamydomonas reinhardtii Saccharomyces bayanus 95% [132]

Chlorella protothecoides 
(Auxenochlorella protothecoides)

Aspergillus fumigatus ≈90% [123]

Chlorella pyrenoidosa Aspergillus fumigatus; Mucor circinelloides >90% [109,122]

Chlorella sorokiniana Isaria fumosorosea 97% [157]

Chlorella sp. Penicillium sp.; Pleurotus ostreatus 65–98% [120,134]

Chlorella vulgaris Altermaria alternata; Aspergillus fumigatus; Aspergillus niger; Aspergillus 
nomius; Aspergillus oryzae; Aspergillus sp.; Cunninghamella echinulata; 

Mucor circinelloides UMN-B34; Mucor hiemalis; Nigrospora oryzae; 
Saccharomyces pastorianus

>90% [121,124–127,133,158,159]

Chroococcus sp. Aspergillus lentulus >90% [130]

Nannochloropsis oceanica Mortierella elongata ≈70% [128]

Nannochloropsis sp. Aspergillus nomius 94% [125]

Picochlorum sp. HM1 Saccharomyces bayanus 75% [132]

Pseudokirchneriella subcapitata Aspergillus fumigatus >90% [159]

Scenedesmus quadricauda Aspergillus fumigatus >90% [159]

Synechocystis PCC 6803 Aspergillus fumigatus >90% [129]

Tetraselmis suecica Aspergillus fumigatus ≈90% [123]

Natural flocculants Chlorella sp. Moringa oleifera (seed powder) >95% [160,161]

Chlorella vulgaris Moringa oleifera (seed powder); Strychnos potatorum (seed powder) ≈85% [37,162]

Chlorella vulgaris Seafood wastewater 0.49 g L−1 [163]
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efficiency on the marine alga Nannochloropsis oceanica. Sub-
sequent chemical analysis revealed an efficient bioflocculant 
produced by S. silvestris, which is a proteoglycan composed 
of 75% carbohydrate and 25% protein. This reusable proteo-
glycan flocculant does not affect the algal growth and it can 
work without the addition of metal ions.[111] Other bacterium-
derived materials have been used for harvesting microalgae 
such as poly-gamma-glutamic acids (γ-PGA). With no damage 
to the cell integrity, γ-PGA from Bacillus subtilis has been shown 
to efficiently (>90%) flocculate various oleaginous microalgae 
including Botryococcus braunii, C. vulgaris, Nannochloropsis 
oculata, and Phaeodactylum tricornutum.[112] Similar γ-PGA pro-
duced by the soil bacterium Bacillus licheniformis was used to 
isolate the thermo-tolerant freshwater alga Desmodesmus sp. F51 
with a flocculating efficiency of up to 99%.[113]

In addition to bioenergy products, bacterial flocculation has 
been reported for wastewater treatment. By screening and iso-
lation of bacterial strains from wastewater sediments, a bacte-
rial strain Klebsiella pneumoniae NY1 was identified with high 
flocculating activity, which produced a high level (14.9  g L−1) 
of MNXY1, a bioflocculant containing 26% protein and 66% 
carbohydrate. MNXY1 was used to flocculate the cyanobacte-
rium Synechocystis sp. UTEX 2470 (>50% in 10 min and 95% 
in 1 h) at a laboratory scale and removed 72% suspended solids 
from the wastewater at a dose of 44  mg L−1.[114] Many efforts 
have been made to increase the efficiency of bacterial floccula-
tion. For example, the addition of 6.8  × 10-3 m calcium could 
increase the flocculating efficiency of C. vulgaris cells from 72% 
to 83% when using Paenibacillus polymyxa AM49 as the floc-
culant.[115] A subsequent study optimized the method using 
1% bioflocculant from the culture broth of P. polymyxa AM49 
and 8.5 × 10-3 m CaCl2 and 0.2 × 10-3 m FeCl3 as coagulants and 
achieved 95% flocculating efficiency in high density (2.35 g L−1) 
culture of the green alga Scenedesmus sp. KCTC AG20831.[116] 
The recycled medium showed an 8% decrease in the biomass 
yield, which could be recovered by the addition of 20% fresh 
medium supplements. Purification of flocculants from bacteria 
avoids the potential biohazard concern of bacterial contamina-
tion in the final products but increases the production cost for 
preparing the flocculants. Future bioprocess and genetic engi-
neering approaches could promote the commercial application 
of bacterial flocculation by increasing the productivity of floc-
culating mass, improving affinities towards the target micro-
algae, and engineering the bacterial flocculants for value-added 
bioproducts.

Alga–Fungus Pelletization and Flocculation: Eukaryotic micro-
algae and cyanobacteria are known to interact with fungi and 
yeasts. In fact, these organisms can form natural symbiotic con-
sortia known as lichens, which have unique morphology and 
metabolisms.[117,118] Many fungal species, especially filamentous 
ones, have self-pelletizing abilities. Taking advantage of the 
algal–fungal interaction, the hyphal tissue (mycelium) of fila-
mentous fungi can capture or trap microalgae and form large 
pellets for harvesting the small algal cells (Figure 4). In addi-
tion, some fungal strains produce large amounts of spores that 
can flocculate microalgae,[119,120] somewhat similar to the cell 
coagulation in the coculture of yeast and algae. In most cases, 
fungal mass is prepared separately in a fermenter or biore-
actor, and the resultant materials are applied to harvest algae by 

copelletization or flocculation. The coculture of algae and fungi 
can also form large flocs, where fungal cells could have positive 
or negative impacts on the productivity of the algae, dependent 
on species combinations and culture conditions. In general, 
fungal pelletizing and flocculation methods can be economical 
for harvesting microalgae and producing valuable biomass as 
feedstocks for various food and energy products (Table 3).

Copelletization of fungi and algae has been reported in 
many combinations of species. For example, many efforts 
have been made to harvest Chlorella, a genus of small (typi-
cally 2–10  µm) unicellular eukaryotic green algae with high 
photosynthetic efficiency and valuable biomass, using filamen-
tous fungi as adsorbates: fast-growing Mucor circinelloides was 
used to harvest oleaginous C. vulgaris[121] and sewage-cultured  
C. pyrenoidosa[109] with over 97% efficiency; oleaginous (10% dry 
weight) Aspergillus fumigatus was reported to collect over 99% 
of C. pyrenoidosa cells within 3 h and 95% of wastewater-grown 
cells within 3.5 h,[122] compared to over 90% of heterotrophic 
C. protothecoides (also known as Auxenochlorella protothecoides) 
cells in 24 h.[123] Other Aspergillus fungi have been applied for 
harvesting C. vulgaris including citric acid-enriched Aspergillus 
niger (over 90% efficiency with symbiotic activities between the 
two strains),[124] aflatoxin-producing Aspergillus nomius (over 
94%),[125] food-fermenting Aspergillus oryzae (almost 100%),[126] 
and two Aspergillus spp. UMN F01 and UMN F02 can copellet 
with almost 100% of algal cells and efficiently remove nutrients 
in wastewater treatment.[127]

In addition to Chlorella, fungus–alga copelletization has 
been used for harvesting other microalgae species. Mycelia 
of A. fumigatus, A. nomius, and Mortierella elongata, a wide-
spread soil fungus, were applied for isolating the unicellular 
EPA-producing marine microalgae Tetraselmis suecica,[123] 
Nannochloropsis sp.[125] and N. oceanica,[128] respectively. The 
filamentous A. fumigatus could utilize secreted free fatty acids 
from the unicellular cyanobacterium Synechocystis PCC 6803 
and form pellets with over 90% of the algal cells.[129] Another 
unicellular cyanobacterium Chroococcus sp. isolated from 
wastewater was harvested with the pellets of Aspergillus lentulus 
FJ172995.[130] Although the mechanism of the interaction 
between fungal mycelium and microalgae is not entirely clear, 
the results of electron microscopy have suggested that intact 
hyphae were required for the attachment of algal cells.[122] 
Fungal mycelium is usually positively charged because of the 
cell wall materials such as polysaccharides, which could attract 
the negatively surface charged microalgae and form large flocs 
in the culture.[129] In addition to the ionic attraction, a more 
recent study has shown structural attachment of algal cells to 
hyphae, where cells of the marine alga N. oceanica lost their 
outer coat during coculture with the soil fungus M. elongata, 
most likely due to the activities of digesting enzymes released 
by the fungus. The exposed fibrous extensions underneath 
the smooth coat may contribute to anchor the algal cells to the 
hyphae and form alga–fungus pellets.[131]

In addition to mycelium, many fungal species can produce 
large amounts of spores as flocculants for harvesting micro-
algae. For example, spores of A. lentulus and Penicillium sp. 
were used to flocculate Chroococcus sp.[130] and Chlorella sp.[120] 
cells, respectively. Along with the spore germination and hyphal 
growth, the coagulation of spores and algae could form larger 
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flocs that facilitate the sedimentation and more efficient har-
vesting. By comparing pellet- and spore-assisted methods using 
fungal materials of Penicillium sp. in the algal culture of Chlo-
rella sp., it was reported that fungal pelletization required only 
half of the glucose input and less settling time (2.5  vs 28 h)  
than the spore flocculation with slightly lower recovery effi-
ciency (98.2%  vs 99.3%), which was considered as a more 
promising approach to harvest microalgae. Similar to the 
coagulation of spores and algae, unicellular yeast strains 
have been used to harvest microalgae. Self-flocculating yeast 
Saccharomyces bayanus cells were able to flocculate 80% of the 
freshwater alga Chlamydomonas reinhardtii and 60% of the 

marine alga Picochlorum sp., which could be increased to 90% 
and 75% using 0.1  g L−1 extracellular proteins instead of 1:1 
mixing whole cells with algae.[132] Chemically modified lysates 
of Saccharomyces cerevisiae, a brewery by-product with posi-
tive surface charge, was used to flocculate C. vulgaris cell and 
achieved over 90% efficiency at a dosage of 0.4 mg g−1.[133]

Fungus-assisted pelletization and flocculation methods have 
a low-input cost and have performed well in harvesting micro-
algae. However, some efficient fungal species reported in the 
literature may be pathogenic to plants and animals, which 
raises concerns for producing the food and feed products, or 
reuse of aqueous media. Employing edible and nonpathogen 

Figure 4.  Interaction between filamentous fungi and microalgae. A) Differential interference contrast micrograph of copelletization of microalgae 
(Nannochloropsis oceanica) and mycelium (Mortierella elongata). B–D) Scanning electron microscopy images showing alga-fungus interaction.  
E) Transmission electron microscopy on alga–fungus aggregates. F) Cross-section cartoon of the algal and fungal cells shown in (E). C, chloroplast; 
N, nucleus; M, mitochondrion; V, vacuole; L, lipid droplet. Images are original to the authors.
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species of fungi such as Pleurotus spp. (mycelium of oyster 
mushroom) and Mortierella spp. (usually nonpathogenic, much 
fewer spores than Aspergillus and Mucor fungi) may solve this 
problem.[128,134] Moreover, similar to the alga–alga flocculation 
methods, the fungal materials can provide valuable biomass 
to the final products such as ω-3 and ω-6 polyunsaturated fatty 
acids, antioxidants, and other nutraceuticals.

In order to develop sustainable, economical, and environ-
ment friendly methods for harvesting microalgae, a diverse 
range of natural and biological flocculants are being inves-
tigated for flocculating microalgae such as seed powders of 
Moringa oleifera and Strychnos potatorum (Table  4). Along with 
the progress of novel genetic and processing engineering 
approaches, bioflocculation techniques have a promising future 
in the application for harvesting microalgae.

3. Genetic Tools and Prospects

3.1. Application of Genetic Tools in Microalgae

Like many other organisms, microalgae have been the subject 
of advancements in genomics and molecular biology in the 
last decade. Genomes have been sequenced for many impor-
tant strains, such as Nannochloropsis spp.,[135–137] Chlorella 
variabilis,[138] and Chlamydomonas spp. providing genome-ena-
bled resources and biotechnology development.[139] While gene 
annotation is in early stages for these species, the development 
of mutant libraries and efficient transformation techniques 
is progressing.[140] The use of CRISPR/Cas9 in N. oceanica 
facilitates the engineering of strains absent of any selection 
marker,[141] which may enhance biosafety if such strains are 
grown in outdoor cultivation. Nannochloropsis shows additional 
promise because of the development of additional genetic 
engineering techniques.[142,143]

Genetic tools have been used to enhance desirable traits in 
microalgae. Repression of phosphoenolpyruvate carboxylase in 
C. reinhardtii with CRISPRi was shown to increase lipid produc-
tion by 94.2%.[144] Also in C. reinhardtii, a knockout mutant of 
phospholipase A2 generated with CRISPR/Cas9 increased lipid 
productivity by 64.25%.[145] Similar genetic engineering experi-
ments have been successful in N. oceanica, with a 32% increase 
in growth rate, a 46% increase in biomass accumulation, and a 
41% increase in lipid accumulation associated with overexpres-
sion of a nuclear-encoded candidate RuBisCo activase gene.[146] 
Deletion of a homolog of fungal Zn(II)2Cys6-encoding genes in 
Nannochloropsis gaditana increased partitioning of carbon into 
lipids and yielded twice as much lipid over the wild type.[147] 
Genetic engineering can additionally be used to generate high-
value compounds, such as terpenoids in C. reinhardtii,[19] or 
isobutyraldehyde biofuel in Synechococcus elongatus.[17]

3.2. Potential Applications of Synthetic Biology to Microalgae 
Harvesting

Harvesting cells for high-value bioproducts has led to genetic 
engineering for ease of collecting. These changes occur via 
induction of a genetic circuit (such as an environmentally 

sensitive promoter driving a gene of interest), and may cause 
behaviors such as cell flocculation or lysis. Synthetic biology is 
a field that concerns the use of interchangeable DNA “parts” for 
the creation of novel biological systems and functions.[148]

As many of the most widely grown microalgae are eukary-
otic, studies in yeast (Saccharomyces) may be more informative 
for transferring useful genetic circuits. Saccharomyces spp. can 
produce flocculation proteins, encoded by FLO genes, which 
are glycosylphosphatidylinositol-linked glycoproteins capable 
of between cell anchoring and result in flocculation when 
induced.[149] Work has already been underway to use proteins 
from flocculating yeasts to flocculate microalgae, either by the 
addition of the yeast or its proteins,[132] or by algal expression of 
flocculation promoting proteins.[150]

Other potential methods of using genetic engineering tech-
niques to enhance harvesting have been less explored. Some 
microalgae are flagellated, such as Chlamydomonas spp., and 
can respond to stimuli such as light in a phototaxic response.[151] 
Phototaxis may be used to condense cells to a smaller volume 
while siphoning off media, without mechanical or chemical 
concentration techniques.

Microalgal production of flocculating compounds, such as 
polymers, tannins, or carbohydrates could result in flocculation 
once cells are induced at the ideal cell density. Yet another method 
may use manipulation of cell buoyancy by expression of proteins 
responsible for gas vesicle formation in bacteria or archaea, 
which are fully encodable and used in medical imaging.[152] 
Some cyanobacteria possess such gas vesicles and are capable of 
forming dense surface blooms.[153] Skimming buoyant cells may 
allow less resource-intensive harvesting, but gas vesicles have not 
been expressed successfully in eukaryotic hosts.

Microalgae provide promise as engineerable and containable 
cell factories. Because of fast generation time and reproduction, 
genetic engineering and synthetic biology techniques show 
promise for enhancing the productivity, value, and harvest-
ability of microalgae. While sourcing natural strains has shown 
results in some traits,[154] genetic tools can improve upon nat-
ural variability to tailor strains for specific applications. The 
combination of genetic improvement of microalgae and the 
development of better harvesting technologies can be integrated 
to increase yields and decrease costs for microalgae products.

4. Conclusions

As the use of fossil fuels generates CO2, contributing to global 
climate change and related environmental impacts, photosyn-
thetic organisms have the potential to contribute to carbon-
neutral and sustainable technologies and products. Microalgae 
are a promising source of these products, including biofuels, 
food additives, cosmetics, pharmaceuticals, and animal feed, 
which can be produced with limited freshwater or arable land in 
many cases. Despite the promise of microalgae feedstocks, har-
vesting bioproducts from microalgae poses challenges because 
of the small size and recalcitrance of their cells. Technologies 
have been developed to deal with the harvesting challenge, 
ranging from conventional centrifugation, filtration, and floccu-
lation to newer solvent and thermal reactors and finally cocul-
ture-based methods.
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The diverse spectrum of microalgae products necessitates 
various technologies as producers balance cost, yield, purity, 
available materials, and environmental considerations, as well as 
the numerous types of microalgae required to synthesize these 
products. Several harvesting and extraction methods have a role 
to play, as combination and specialization contribute to effective 
and efficient harvesting. Additionally, genetic approaches could 
further enhance the productivity of microalgae, allow for new 
products, and may enhance harvesting by a variety of mecha-
nisms. Microalgae harvesting continues to pose multiple chal-
lenges, but improvements in techniques and associated genetic 
engineering tools offer promise to make microalgae products as 
viable, sustainable fuels, foods, and high-value natural products.
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